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Abstract

Solid-state NMR spectroscopy is being developed at a fast pace for the structural investigation of immobilized and non-crystalline

biomolecules. These include proteins and peptides associated with phospholipid bilayers. In contrast to solution NMR spectroscopy, where

complete or almost complete averaging leads to isotropic values, the anisotropic character of nuclear interactions is apparent in solid-state

NMR spectra. In static samples the orientation dependence of chemical shift, dipolar or quadrupolar interactions, therefore, provides angular

constraints when the polypeptides have been reconstituted into oriented membranes. Furthermore, solid-state NMR spectroscopy of aligned

samples offers distinct advantages in allowing access to dynamic processes such as topological equilibria or rotational diffusion in membrane

environments. Alternatively, magic angle sample spinning (MAS) results in highly resolved NMR spectra, provided that the sample is

sufficiently homogenous. MAS spinning solid-state NMR spectra allow to measure distances and dihedral angles with high accuracy. The

technique has recently been developed to selectively establish through-space and through-bond correlations between nuclei, similar to the

approaches well-established in solution-NMR spectroscopy.
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1. Introduction

Structural information on membrane-associated peptides

and proteins remains sparse due to the difficulties encoun-

tered during biochemical preparation and the limitations

imposed by the classical diffraction and solution NMR

methods. Therefore, other biophysical techniques, which

allow the investigation of these proteins in their natural

environment, remain of utmost importance during the study

of this very important class of proteins [1,2]. Among those,

solid-state NMR spectroscopy has proven to be a valuable

method for the investigation of the structure as well as the

dynamics of membrane-associated proteins and peptides

(reviewed, e.g. in Refs. [3–12]). Important information such

as distances or dihedral angles within membrane proteins, or

between integral membrane proteins and their ligands has

been obtained [4,5]. Furthermore, the tilt angles of helices

with respect to the bilayer normal are accessible using this

methodology [13]. The structural investigation of biological

macromolecules by solid-state NMR spectroscopy does not

require the formation of monocrystals or the fast isotropic

re-orientation of molecules, these being prerequisites for

diffraction techniques or solution NMR spectroscopy,

respectively. The possibility to investigate membrane poly-

peptides in their natural bilayer environment when at the

same time very accurate structural information can be

obtained, therefore, is a distinct advantage of solid-state

NMR spectroscopy over many other techniques. Solid-state

NMR spectroscopy is also sensitive to the molecular

dynamics of membrane-associated molecules and therefore

provides access to the rate and directionality of molecular

exchange.

In the past, solid-state NMR spectroscopy has developed

its full strength when it was possible to introduce isotopic

labels selectively at specific sites. In such cases, very accurate

answers have been obtained for specific questions. However,

by measuring a large number of conformational constraints,

this approach has also been shown to be suitable for the

complete structure determination of membrane-bound pep-

tides [3]. In this work, advantage has been taken of the

orientation-dependence of NMR interactions that allow one

to extract angular constraints. The anisotropy of NMR

interactions remains apparent in immobilized as well as

slowly spinning samples but can be abolished by fast

spinning around the dmagic angleT. This latter approach has

recently resulted in high-resolution correlation spectra and

the first solid-state NMR structure of a protein in a micro-

crystalline environment [14].
Fig. 1. Proton-decoupled 13C solid-state NMR spectra of (U–13C, U–15N)

l-threonine. (A) Static conditions. (B) Same sample when spun around the

magic angle at xr/2p=390 Hz. (C) Same sample when spun around the

magic angle at xr/2p=10 kHz.
2. Some fundamentals of biological solid-state NMR

spectroscopy

Although the investigation of small globular proteins in

solution by multidimensional solution NMR spectroscopy

has become almost routine [15] these techniques fail when
proteins or biomolecular complexes exceeding a certain size

are investigated [16]. The NMR spectrum of even a small

polypeptide, when associated with large macromolecular

aggregates such as a phospholipid vesicle or fibrillar

structures, exhibit broad unresolved lines when it is merely

placed into a test tube and inserted into the NMR coil (Fig.

1A). This is due to the inherent anisotropy of nuclear

interactions, which are dependent on the orientation and

conformation of the molecule with respect to the magnetic

field direction [17–20]. Whereas in solution fast molecular

tumbling ensures isotropic averaging of the nuclear inter-

actions, the re-orientational correlation times of molecules

associated with extended phospholipid bilayers are direc-

tional and slow when compared to the time scales of the

chemical shift, dipolar or quadrupolar interactions. As a

consequence, the anisotropic properties of these interactions

are reflected in the NMR line shapes of bilayer-associated

biomolecules or of polypeptide fibrils such as those found in

the Alzheimer disease [21–25]. In such spectra the signals

that arise from different sites tend to overlap and remain

largely unresolved (Fig. 1A).

To overcome this problem two fundamentally different

NMR approaches have been established. On the one hand

fast spinning of the samples around the dmagic angleT allows
one to produce spectra of heteronuclei, which resemble

those obtained in solution [26] (Fig. 1C). On the other hand,

techniques have been developed in which samples uniax-

ially oriented relative to the magnetic field direction are

obtained [27]. The spectra of these preparations thus reveal

orientational differences between the labeled sites [28].



Fig. 2. Proton-decoupled 15N solid-state NMR spectra of the in-plane oriented model peptide LK15 in C20-PC with alignments of the membrane normal paralle

(A) and perpendicular (B) to the magnetic field direction. (C) Simulated powder spectra under conditions of fast rotational diffusion around the membrane normal

(D) Static simulated powder spectrum. (E) The 15N chemical shift tensor is represented as an ellipsoid. (F) Transmembrane-inserted helical peptide is represented

as a cylinder and the tilt and rotational pitch angles d and c are indicated. The approximate alignment of the static tensor elements is shown within the helix. Fas

rotation around the bilayer normal results in averaged tensor elements rt and r8 (cf. text for details).
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Fig. 3. Deuterium solid-state NMR spectra of the model peptide LK15,

labeled with 2H3-alanine at its position and reconstituted in uniaxially

oriented C20-PC. The orientation of the membrane normal is parallel (A)

and perpendicular to the magnetic field direction (B). The spectrum shown

in panel (C) represents the simulation of a non-oriented sample where the

helix continues to exhibit fast rotational diffusion around the membrane

normal. (D) Simulation of a powder pattern sample at reduced temperature

where only averaging around the alanine Ca–Ch bond continues to persist.

Note that the spectrum D is shown at a different scale.
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Furthermore, selective isotopic labeling (e.g. Refs. [29–33]),

multidimensional NMR spectroscopy [34–37], or techni-

ques that decouple or select interactions between nuclear

spins [17] help to improve spectral resolution, assignment

and structural information [38,39]. Figs. 2 and 3 show 15N

and 2H solid-state NMR spectra, respectively, of peptides

labeled with 15N or 2H at a single or at equivalent sites and

reconstituted into oriented phospholipid bilayers. Further-

more, when the spectra shown in Fig. 2 have been obtained,

the interactions of the 15N nucleus with the surrounding

protons were decoupled using high-power irradiation at the
1H frequency.
3. Solid-state NMR applied to static samples

To start a more detailed discussion of some of the

strategies employed during the investigation of membrane

polypeptides using solid-state NMR spectroscopy, let us

consider an individual backbone amide labeled with 15N. In
this case, the isotopic label is dilute as the distances between
15N nuclei are sufficiently large to ignore all interactions

between them. Furthermore, the interactions of the abundant
1Hwith 15N nuclei are decoupled by high-power irradiation at

the 1H frequency. When a dry powder of such a peptide is

placed in the NMR coil of a solid-state NMR probe a broad

powder-pattern line shape of approximately 160 ppmwidth is

observed (Fig. 2D). This 15N chemical shift anisotropy of a

single 15N labeled peptide bond thus is much larger than the

width of an individual line of proteins in solution. In the latter

case all resonances of the protein backbone resonate within a

range of only 20 ppm.

The anisotropic chemical shift interaction is mathemati-

cally described by a second rank tensor corresponding to a

3�3 matrix. It is possible to find an orthogonal coordinate

system, called the principal axis system (PAS), where only

the diagonal elements r11, r22 and r33 persist. These are

the static main tensor elements and correspond to the

discontinuities observed in the line shape of powdered

samples, where all possible molecular alignments are

present at random (Fig. 2D). The tensor reflects the

arrangement of the nuclei and bonds within a given

molecule and thereby relates the NMR interactions to the

molecular coordinates.

This tensor can be transformed into any other coordinate

system by applying rotations with the three Euler angles

(U,H,W). An expression of the chemical shift in the new

coordinate system is obtained by using the rotation matrices

Rij [18,40,41]:

rV¼ RrR�1 ð1Þ

with

R ¼ RzW Wð ÞRyV Hð ÞRz Uð Þ: ð2Þ

It is thus possible to relate the orientation of the tensor

(molecular frame) relative to the magnetic field direction of

the NMR spectrometer (laboratory frame). The component

of the chemical shift tensor in direction of the magnetic field

direction (zz component) corresponds to the measured NMR

chemical shift value. When expressed in terms of Euler

angles H and U (Fig. 2E) and the principal elements of the

chemical shift tensor r11, r22 and r33, the measurable rzz

amounts to:

rzz ¼ r11sin
2Hcos2U þ r22sin

2Hsin2U þ r33cos
2H: ð3Þ

Alternatively, the chemical shift value is obtained from

direction cosines according to

rzz ¼
X

i¼1;2;3

cos2#irii: ð4Þ

Graphically the chemical shift interaction is represented

by an ellipsoid (Fig. 2E), where the lengths of the three

main axes represent 1=
ffiffiffiffiffi
rii

p
, with rii being one of the main

tensor elements r11, r22 and r33 (Fig. 2E). The intersect of

the magnetic field vector with the ellipsoid corresponds to
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1=
ffiffiffiffiffiffi
rzz

p
with rzz being the chemical shift that is apparent at

a given orientation of the molecule [13].

The size of the tensor elements as well as their position-

ing within the molecule are important parameters required to

translate solid-state NMR measurements to structural

information. Studies on single crystals, establishment of

correlations between the chemical shift and the dipolar

interactions of directly bonded nuclei, or comparison with

known tensors of model compounds allow one to obtain this

important piece of information [42–45]. Furthermore, the

proton-decoupled 15N chemical shift tensors of alanine or

glycine amides have been studied in considerable detail for

a number of polypeptides [43,44,46–51]. These static

tensors show some modest variation with respect to the

secondary structure of the polypeptide chain and the nature

of the amino acid side chain [50,52]. Therefore, in this

discussion, we will use representative averages of the 15N

chemical shift tensor of the peptide bond. When accurate

structural information from solid-state NMR is wanted it has

proven essential to characterize the respective tensors in

their proper chemical environment [3,51].

The main tensor elements of the 15N chemical shift tensor

of the amide bond have approximate values of 61, 75 and

223 ppm (r11, r22, r33). In a-helical peptides the r11 and

r33 components are oriented within the plane of the peptide

bond, and the NH vector and the r33 component cover an

angle of about 188 [13]. By inspecting a molecular model of

an a-helix, it becomes obvious that both are oriented within

a few degrees along the helix long axis (Fig. 2F).

Fig. 4 shows simulations of 15N solid-state NMR obtained

from a model for a-helical polypeptides reconstituted into

oriented membranes with the membrane normal parallel to

the magnetic field direction. In order to prepare this figure

the spectra from helices with different tilt angles were

calculated. To create the simulated spectra, all backbone

atoms of the 18-residue helices were considered to be labeled

with 15N, the resulting spectral line shapes thus represent the

addition of individual lines from all these sites. The exact

alignment of the peptide bond (e.g. as viewed by its NH

vector) with respect to the magnetic field direction (Bo), and

thus the measured 15N chemical shift is a function of both the

tilt angle (d) and the rotational pitch angle (c, Fig. 2F). In the
special case of a regular helix adopting a perfect trans-

membrane alignment, all NH vectors exhibit an identical

alignment with respect to the membrane normal and,

therefore, also to Bo. Inspection of Fig. 4 indicates, that in

general, a given 15N chemical shift can agree with a set of tilt

and rotational pitch angles, and does not provide a unique

solution. For example, a value of 200 ppm is in agreement
Fig. 4. Simulations of proton-decoupled 15N chemical shift spectra of

helices oriented with their long axes at the angles indicated. The sum of the

spectra from the individual amide sites is shown a single site label will,

therefore, be found within the anisotropic chemical shift dispersion

indicated. During the simulations, the static main tensor elements were

223, 75 and 61 ppm with an alignment of the tensor elements within the

molecular frame as described in Refs. [51,78].
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with tilt angles in the 108 to 308 range (Fig. 4). However, the
15N chemical shift measurement restricts the possible tilt

angles. Therefore, in samples uniaxially oriented with the

membrane normal parallel to the magnetic field trans-

membrane a-helical peptides with a tilt angle V208 exhibit
15N resonances N180 ppm (Fig. 4). In contrast, 15N chemical

shifts b100 ppm are observed when helices are aligned

approximately parallel to the membrane surface.
Fig. 5. Map of alignments of LK15 reconstituted in oriented C20-PC. The

contours indicate helix orientations where the tilt and the rotational pitch

angle agree with the 15N chemical shift (hatched lines, Fig. 2A) and the

deuterium quadrupole splitting (continuous lines, Fig. 3A).
4. Motional averaging

So far the helix has been assumed completely immobilized

on the NMR time scale. In a next step, the dynamic properties

within the membranes shall be taken into consideration.

In liquid crystalline membranes, rotational diffusion

around the membrane normal occurs. Fast continuous

diffusion results in partial averaging of the chemical shift

anisotropy, which is thus described by an axially symmetric

tensor. Its unique component parallel to the rotation axis is

rt. The two identical components perpendicular to this axis

are labeled r8 (Fig. 2C and F). The new averaged tensor

elements are a function of the Euler angles a and b
connecting the rotation axis and the static tensor elements

(Fig. 2G):

rjj ¼ r11cos
2asin2b þ r22sin

2asin2b þ r33cos
2b ð5Þ

r8 ¼ 1

2
r11 1� cos2asin2b

� �
þ r22 1� sin2asin2b

� ��

þ r33sin
2b	: ð6Þ

In case of membrane samples oriented with their normal

parallel to the magnetic field directions rt and the

measurable rzz coincide. When the Euler angle a corre-

sponds to rotations of the PAS around (r33), b is, at first

approximation, a measure of the helix tilt angle d (Fig. 2F).

From Eqs. (5) and (6) it can be shown that

rjj ¼ r33 � rxxð Þcos2b þ rxx: ð7Þ

Depending on the choice of a, rxx assumes values

between r11 and r22 [13]. When keeping with the above

assumptions, i.e. the small difference between the align-

ment of r33 and the helix long axis are ignored and

rotational averaging predominantly occurs around an axis

parallel to the magnetic field direction/bilayer normal, the

measured 15N chemical shift (rt) can thus be used as a

direct indicator of the helix tilt angle [13].

In membranes that are uniaxially oriented with the

normal parallel to the magnetic field direction (Bo) rota-

tional diffusion around the normal does not change the

peptide alignment relative to Bo. However, other modes of

motion are also present and should not be ignored. When

considering the polypeptide backbone, these include aver-

aging around the helix long axis, wobbling and librational

motions, or conformational changes.
Additional degrees of freedom exist when the peptide

side chains are considered [53–57]. Such motions result in a

directed scaling of the chemical shift and dipolar aniso-

tropies (Fig. 2C and F). When the goal is to obtain accurate

angular restraints, these have to be considered independ-

ently for every labeled site.

In an analogous manner the 2H quadrupolar splitting is

also strongly dependent on the alignment of the molecule

relative to the magnetic field direction. Fig. 3A, B shows
2H NMR spectra of a model peptide labeled with 2H3-

alanine and reconstituted into oriented phospholipid

bilayers. Due to fast rotation around the Ca–Ch bond the

three labeled sites are equivalent and a single quadrupolar

splitting is observed. The Ca atom being an integral part

of the protein backbone the orientation-dependent deute-

rium quadrupole splitting provides an additional restraint,

which allows one to better orient the a-helical peptide

relative to the membrane normal. The measured splitting

DmQ is directly related to the orientation of the Ca�Ch

bond:

DmQ ¼ 3

2

e2qQ

h

3cos2H � 1ð Þ
2

: ð8Þ

Here H is the angle between Ca–Ch bond and the

magnetic field direction and e2qQ

h
the static quadrupolar

coupling constant [58]. For example, at room temperature

the deuterium quadrupole splitting of a methyl-deuterated

alanine exhibits quadrupolar splittings V80 kHz.

The contour plots shown in Fig. 5 map the tilt and

rotational pitch angles of this peptide that are in agreement

with the experimental 15N chemical shift and the 2H

quadrupolar splittings of the labeled sites. The regions of
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overlap are those peptide alignments that are in agreement

with both measurements.

In non- or partially oriented samples the signals of

individual molecules add up. The resulting line shape is a

function of the orientational distribution of the labeled

sites. When all orientations have equal probability

dpowder patternT line shapes are obtained (Fig. 2D). For

example, the chemical shift powder-pattern is determined

by the functional relationship between the chemical shift

and molecular orientation (Eqs. (3) or (5)) and the number

of molecules at a given orientation relative to the magnetic

field direction. Whereas a static powder pattern line shape is

shown in Fig. 2D, a motionally averaged line shape is

represented in Fig. 2C. Clearly, these powder pattern spectra

are indicators not only of the anisotropic chemical shift

dispersion but they are also very sensitive to the rate,

direction and mechanism of intra- and intermolecular

exchange processes including motional averaging [51,59,

60]. As illustrated in Fig. 2C and F, averaging around a

duniqueT axis results in dsymmetric powder patternsT, which
are characterized by discontinuities at rt and r8. The

simulations and experimental spectra shown in Fig. 2

indicate that under conditions where the membrane normal

coincides with this unique axis of averaging, the powder

pattern line shape can be used to extract the tilt angle of the

peptide helix [13]. When peptides have been investigated,

these averaging effects have often been ignored, although

this effect has long ago been described for the 31P chemical

shift or the 2H solid-state NMR spectra of phospholipid

bilayers [61].

In liquid crystalline bilayers, the 31P chemical shift

spectra of phosphatidylcholines are characterized by a

symmetric tensor where the tensor singular axis (rt)

coincides with the rotational axis [62]. The signal at 30

ppm is thus indicative of phosphatidylcholine molecules

with their long axis oriented parallel to the magnetic field

direction, whereas a �15 ppm 31P chemical shift is

obtained for perpendicular alignments. In perfectly aligned

samples, the phospholipid bilayer spectra consist of a

single line. Tilting the sample in a stepwise manner results

in values between these extremes [62].

This effect is routinely used in our laboratory to control

the degree of sample alignment when samples have been

applied onto planar cover glasses [6]. At sample orientations

with the normal parallel to the magnetic field direction,

intensities to the right of this 30 ppm peak can arise from

phospholipids with molecular orientations deviating from

parallel to the magnetic field direction. However, it should

be noted that signals in this region (b30 ppm) can also be

due to local conformational changes of the phospholipid

head group. These include, for example, electrostatic

interactions of the (–HPO4
�–CH2–CH2–N

+(CH3)3) dipoles

of the phosphocholine head group, hydrogen bonding, and/

or electric dipole–dipole interactions [63–65]. Therefore, a

single line should be observed for an doriented sampleT if the
phosphatidylcholine molecules, or more precisely, the head
group region around the phosphate atoms, adopt the same

conformation and are all aligned in the same direction.
5. Dipolar couplings

The dipolar coupling between two nuclei is another

important interaction that exerts a strong influence on the

appearance of solid-state NMR spectra. In an analogous

manner the orientation-dependence of this interaction has

also been used to derive structural information for membrane-

associated polypeptides (reviewed in e.g. Refs. [3,4,6]). The

dipolar interaction between two spins I and S is a function of

the gyromagnetic ratios c1 and c2 of both nuclei, as well as the
internuclear distance r, and the angle h of this vector r with

respect to the magnetic field direction. The dipolar interaction

term shifts the Zeeman transitions by +xD and�xD, thereby

resulting in dipolar splitting of [18,66,67]:

Dzz ¼
l0

4p

� � c1c2t
r3

3cos2h � 1
� �

ð9Þ

with f being Planck’s constant. In a static sample the dipolar

interaction between 15N and 1Hwithin an amide bond is in the

range �20 kHz VDmV10 kHz. Such heteronuclear dipolar

couplings are also essential during the often applied solid-

state NMR cross-polarization experiments [68], where

magnetization is transferred from nuclei with high magneto-

gyric ratio c, such as 1H, to low-c nuclei (e.g. 13C or 15N). In

liquid crystalline membranes these dipolar couplings are

often partially averaged by molecular motion resulting in a

reduced transfer efficiency (e.g. Ref. [69]).
6. Solid-state NMR spectra of oriented samples at

different tilt angles

The solid-state NMR spectroscopic investigation of

peptides reconstituted into oriented membranes allows for

the detailed analysis not only of the structural and

topological properties but also of the dynamics at the site

of the isotopic label. In principle, the oriented samples can

be measured at many different alignments. Indeed tilt series

or at least two different tilt angles have previously been

studied during the investigation of melittin using 13C- [70],

the Influenza M2 sequence using 15N- [71], or the labeled

retinal moiety in bacteriorhodopsin using deuterium solid-

state NMR spectroscopy [72]. However, for structural

studies, the investigation of well-aligned membranes with

the bilayer normal parallel to the magnetic field direction is

generally preferred [3,6]. In this latter set-up, rotational

diffusion around the membrane normal does not change the

alignment of the peptide relative to the magnetic field

direction. The line width observed for chemical shift or

dipolar interaction spectra is in this case affected by the

mosaic spread of the sample, which represents the range of

deviations from a unique alignment of molecules with
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respect to the magnetic field direction. In general, a

Gaussian distribution function is assumed. Line broadening

also arises due to conformational heterogeneity, the

dynamic interchange between different membrane top-

ologies, residual dipolar couplings or enhanced relaxation.

In order to avoid line broadening effects due to interactions

between neighboring spins, decoupling techniques have

proven to significantly ameliorate the spectral resolution

[17,73–75].

On the other hand the line shapes observed in solid-state

NMR spectra of samples oriented with the membrane

normal perpendicular to the magnetic field direction are

strongly dependent on the rotational diffusion constant in

bilayer environments. This sample set-up therefore has its

own merits. In the dperpendicular orientationT free rotation

around the membrane normal results in different orienta-

tions of the molecules with respect to magnetic field

direction (Bo). A priori one would expect broad line shapes

representing the distribution of molecular alignments along

a circle [12]. Therefore, in case of slow diffusion rates each

peptide alignments will be characterized by its own separate

signal intensity. If, however, the diffusion rate exceeds the

spectral anisotropy averaging is observed. For an object of

cross-sectional area A in an environment of viscosity g, the
rotational diffusion coefficient Dpep at temperature T is

given by:

Dpep ¼
kBTF

4Ahg
: ð10Þ

In this equation kB is the Boltzmann constant, h the

thickness of the membrane and F the shape factor for non-

spherical objects [76,77]. The radius of the molecule relative

to the membrane normal a, and its shape factor provides a

crude model to estimate the frequency of rotational diffusion

of a molecule associated with a lipid bilayer.

In our laboratory, we have been able to obtain 2H and
15N solid-state NMR spectra of model peptides that exhibit

mosaic spreads in the 18 range (Figs. 2 and 3). The peptides

studied include a transmembrane and several in-plane

oriented sequences of different length [78]. When the

samples containing short 2H-labeled peptides are tilted from

membrane alignments with the normal parallel to the

membrane to perpendicular orientations the quadrupolar

splitting is reduced to half the size (Fig. 3A and B). This

observation is in excellent agreement with theoretical

considerations [61]. In an analogous manner, the 15N

chemical shift signal retains its Lorentzian-like lineshape

(Fig. 2A,B) although its values shift according to the new

average orientation of the molecule relative to Bo [13].

Deuterium solid-state NMR spectra of peptides asso-

ciated with membranes oriented with the normal perpen-

dicular to the magnetic field have also been obtained

using bicelles that under certain conditions magnetically

orient with the magnetic field of the spectrometer. Using

these systems oriented and non-oriented membrane sys-

tems are obtained and the structure and orientation of
mastoparan X [79], prion protein 130–136 [80], or the

TM domain of the Neu tyrosine kinase receptor [81]

investigated in bilayer environments.

When the rotational diffusion of the peptides is reduced

the sharp peak intensities are lost upon tilting and powder-

type line shapes are observed. Using these molecules it was

possible to show that indeed the quadrupolar line shape of a
2H3-alanine labeled peptides is much more sensitive to the

length of the corresponding a-helix and the phase properties

of the membranes when compared to the proton-decoupled
15N spectra [78]. This is in perfect agreement with our

estimates, which predict that at viscosity constants, g, that
have been established for phospholipid bilayers, the quad-

rupolar anisotropy of the alanine methyl group (70 kHz) is

sensitive to small changes in peptide geometry whereas

averaging of the 15N chemical shift anisotropy (7 kHz at

9.4 T) occurs for much larger polypeptide assemblies. The
2H solid-state NMR approach is thus sensitive to

monomer–multimer transitions of transmembrane helical

peptides, whereas much larger aggregates have to form to

significantly change the appearance of the 15N chemical

shift spectra [78b].
7. Magic angle spinning NMR spectroscopy (MAS and

MAOSS)

Similar to what has been shown for dipolar interactions,

the NMR interactions in the solid-state exhibit angular

dependences which are expressed by polynomials of the

type (3 cos2 h�1) [17,18,82]. Therefore, the anisotropy of

dipolar and chemical shift terms cancel when fast motional

averaging occurs by isotropic diffusion (e.g. in solution), or

when the sample is mechanically rotated at high speeds

around the dmagic angleT (hm=54,78). Therefore, when

polycrystalline samples or large biomolecular aggregates are

spun at high angular speeds around the magic angle solid-

state NMR spectra similar to those obtained from isotropic

solutions are obtained (Fig. 1C). Magic angle sample

spinning (MAS) was the first technique used to obtain

highly resolved NMR spectra of polycrystalline solid

samples [26].

Fig. 1B and C shows an MAS spectra of (U–13C, U–15N)

l-threonine. The MAS spectrum consists of a central band

at the isotropic chemical shift and a set of spinning side

bands spaced at integers of xr/2p [83–85]. If the spinning

speed exceeds the chemical shift anisotropy only the highly

resolved central band remains (Fig. 1C) [86]. The spinning

side bands provide information about the powder pattern

envelope (Fig. 1B) and thus the main tensor elements [83].

In the case of networks of homonuclear dipolar interactions

(homogeneous interactions), different spin packets are

coupled to each other and sharp lines are only obtained if

the spinning speed exceeds the interaction size. In contrast,

narrowing can already be achieved even if this condition is

not matched for non-homogeneous interactions such as the



B. Bechinger et al. / Biochimica et Biophysica Acta 1666 (2004) 190–204198
chemical shift anisotropy or the quadrupolar and hetero-

nuclear dipolar interactions [18,84,85].

Notably, the spinning side band pattern is indicative of

the distribution of orientations in the sample. A sample

which is rotated at low spinning speed and where all

orientations are equally distributed yields a spinning side

band structure with an envelope corresponding to the

powder pattern line shape of the static spectrum (Figs. 1B

and 6B). When MAS is applied to oriented samples (magic

angle-oriented sample spinning, MAOSS), the spinning side

band intensities are sensitive to partial or complete ordering

within the samples [87]. This is obvious when comparing

the spectra shown in Fig. 6B and C. The side band

intensities of the latter are indicative of an orientation of

the lipid long axis perpendicular to the spinning axis (Fig.

6C). When compared to the side band obtained from a

randomly oriented sample (Fig. 6B) it becomes obvious that

every second side band is missing. The pronounced differ-

ence makes slow spinning MAS NMR a useful technique to

investigate the alignment and membrane interactions of

phospholipids, peptides or proteins within oriented bilayer

samples [87,88]. Due to the suppression by the support of

membrane undulations that occur on a slow time scale, the

spectral line width of these samples is considerably reduced

and resolution concomitantly improved [87]. The oriented

bilayers have been prepared on glass plates (Fig. 6F) [87] or
Fig. 6. Simulated proton-decoupled 31P MAS solid-state NMR spectra of hydrated

162 MHz, using rt=30 and r8=�15 ppm. (A) Powder sample under static cond

oriented in a perfect manner along a polymer cylinder with the membrane normal

Bilayer oriented with the membrane normal parallel to the rotor axis (panel F) at 7

powdered sample is spun at 10 kHz spinning speed. (E) The sample set-up using o

be inserted into 4 or 7 mmMAS rotors [88]. (F) Uniaxial geometry of membranes a
on extended plastic foils (Fig. 6E) [88]. The plastic polymer

is bendable and can be wrapped into cylinders that fit into 4

or 7 mm rotors. Both geometries maintain the cylindrical

symmetry around the rotor axis. The set-up shown in Fig.

6E results in alignments of the membrane normal parallel to

the spinning axis.

Whereas the 31P MAOSS NMR spectra provides good

indication of the quality of membrane alignment using

either sample set-up [87] 15N, 13C and 2H MAOSS solid-

state NMR spectroscopy has been used to study the

alignment of polypeptides or protein prosthetic groups

within bilayers [88–91]. Recently, MAOSS solid-state

NMR spectroscopy was applied to bacteriorhodopsin

selectively labeled with 15N-methionin [92]. This approach

allowed to resolve several sites and to analyze their

alignment relative to the membrane normal. Notably, both

the 15N chemical shift MAOSS NMR spectrum and the
13C–15N REDOR decay curves (i.e. dipolar interaction) are

sensitive to the tilt angle of the 15N (and 13C) labeled a-

helical peptides [91]. When compared to the original set-up

using round glass plates (Fig. 6F; [87]) the spiral geometry

is less accurate in determining the exact alignment of in-

plane oriented helices. However, the latter arrangement

supports the phospholipid bilayers in the direction of the

centrifugal forces thereby allowing for much higher

spinning speeds (Fig. 6D and E; [88]). Both experimental
phosphatidylcholine liquid crystalline bilayers at a resonance frequency of

itions. (B) Non-oriented sample at 750 Hz spinning frequency. (C) Bilayer

perpendicular to the rotor axis (panel E) at 750 Hz spinning frequency. (D)

50 Hz spinning frequency. The same isotropic line shape is obtained when a

riented membranes on rolled cylinders of a polymer sheet. The cylinder can

pplied to stacked glass cover slips and inserted into a 7 mm (o.d.) rotor [87].
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set-ups combine the advantages of static oriented solid-state

NMR spectroscopy with high-resolution MAS NMR

spectroscopy.

A related approach was chosen when peptides were

associated with bicelles. These disc-shaped structures are

known to orient within the magnetic field [93,94]. The

director axis of these systems can be manipulated by

spinning the sample which extends the field of applications

of these macroscopic structures [95]. In a most recent

application, bicelles were used for the solid-state NMR

investigation of the 35-residue transmembrane region of the

tyrosine kinase receptor Neu and the pentapeptide methio-

nine-enkephalin [81].
8. Examples of structural investigations of polypeptides

by solid-state NMR

During the last few years solid-state NMR spectroscopy

has been applied to a multitude of polypeptides that have

been labeled with 15N, 13C and/or 2H and reconstituted into

oriented lipid bilayers. Often these polypeptides exhibit a

preference for a-helical conformations and the secondary

structure in membrane environments is already known from

other spectroscopic techniques such as CD, FTIR, Raman,

or solution NMR spectroscopy. The anisotropic 15N

chemical shift can then be used directly to obtain

information about the helix orientation with respect to the

bilayer normal (Figs. 4 and 5).

If this information is lacking or needs to be confirmed in

more detail in bilayer environments, the investigation of

additional interactions of nuclei within the peptide bond

allows for a detailed analysis of the peptide secondary

structure. The technique has proven its potential during the

pioneering work of Ketchem et al. [96] who have used

oriented solid-state NMR spectroscopy to describe in detail

the high-resolution structure of the Bacillus brevis peptide

gramicidin A when reconstituted in phospholipid bilayers.

This channel peptide assumes a transmembrane right-

handed h-helix with 6.3 residues per turn when reconsti-

tuted into membranes. This unusual polypeptide conforma-

tion is the result of alternating l- and d-amino acids in the

gramicidin A sequence. In contrast, the solid-state NMR

structural data measured for the magainin 2 antibiotic

peptide are only in agreement with a right-handed a-helix

oriented parallel to the membrane surface [97].

Vpu is a small accessory protein of 81 amino acids that

fulfills important functions during the life cycle of the

human immunodeficiency virus 1 [98,99]. Early on the

hydrophobic channel-forming domain of Vpu has been

synthesized and labeled with 15N isotope labels incorporated

individually at positions 10, 14, or 18. After reconstitution

of these peptides into oriented phospholipid bilayers, all

three labeled positions exhibit resonances between 210 and

220 ppm when investigated by proton-decoupled 15N solid-

state NMR spectroscopy [100]. These values are indicative
of residues that are part of transmembrane helices (Fig. 4).

The experiments were designed to test if the helix–loop–

helix structure observed in TFE/water solutions also persists

in membrane environments [100]. A quantitative analysis of

the solid-state NMR data indicates that this is not the case.

However, when taking into consideration potential sources

of error, including the precision of experimental data and the

description of the underlying tensors elements, a continuous

right-handed a-helix, with tilt angles of 20F108 agrees well
with the solid-state NMR data. Transmembrane helix

alignments were also found using ATR FTIR measurements

[101] and solid-state experiments on perlabeled samples

[102].

When the transmembrane region of the related M2

polypeptide of Influenza A has been investigated by solid-

state NMR spectroscopy the 15N chemical shifts recorded

from five isoleucine and two valine residues within the

sequence are in agreement with a uniform transmembrane

helix at a tilt angle of 35F38 [71,103,104]. Model building

indicates, that, in order for a polar water-filled cavity to be

formed within a four-helix bundle, the twist of such a pore

needs to be left-handed [105]. Interestingly, this angle

differs significantly from tilt angle of approximately 258
measured for the full-length proton channel [106]. The 15N

solid-state NMR spectra of oriented M2 transmembrane

sequence in the presence of the antiviral drug amantadine do

not show profound changes of the alignment of the

polypeptide [6,107]. Other examples of transmembrane

channel peptides investigated by oriented 15N solid-state

NMR spectroscopy include the fungal peptide alamethicin

[32,108,109], or the putative channel-lining sequence M2 of

the acetyl choline receptor [110,111].

Amphipathic peptide antibiotics are found inmany species

including amphibians [112–114], insects [115] or humans

[116]. Magainins from frogs and cecropins from insects have

indeed been shown to adopt a-helical secondary structures in

membrane environments using a wide variety of biophysical

methods and this has been reviewed in considerable detail in

an earlier BBA issue [117]. Oriented solid-state NMR

spectroscopy indicates that at concentrations V3% (mol/

mol) these and related peptides orient parallel to the

membrane interface suggesting detergent-like rather than

transmembrane channels [117]. However, depending on the

detailed composition and environmental parameters of the

membranes many different membrane phases, including

bilayers, porous bilayers, bicelles and micelles seem possible

[6]. A more complete description of the peptide–membrane

interactions should thus be based on a phase diagram

analogous to those established for detergents or other

amphiphile mixtures [118].

The alignment of many other peptides has been inves-

tigated using oriented solid-state NMR spectroscopy. These

include, just to mention a few of the more recent studies, a

fusion peptide from sea urchin by 19F NMR [119], protegrin

1 by 13C NMR [120], or antibiotic peptides from Australian

tree frogs [121].



B. Bechinger et al. / Biochimica et Biophysica Acta 1666 (2004) 190–204200
The interaction contributions that determine the peptide

topology and the association within the membrane have

been studied by oriented solid-state NMR spectroscopy. To

this purpose a large number of hydrophobic and amphi-

pathic helical peptides were synthesized, reconstituted into

non-oriented or oriented bilayers and investigated in a

quantitative manner using 2H, 31P-[122–124] or 15N

chemical shift solid-state NMR [28,125–127] as well as

AT-FTIR spectroscopy [128,129]. Interestingly, amphi-

pathic model peptides have not only been shown to be

highly potent antibiotics, but they also act as DNA vectors

[130,131]. When the orientation of these histidine-rich

peptides is measured as a function of pH, a transition is

observed between transmembrane and in-plane orientations

for many of these sequences [28,78,132]. A thermody-

namic analysis of the Gibbs free energy that governs the

membrane alignment of helical peptides needs to include

hydrophobic interactions, the energy required to discharge

an amino acid side chain at a given pH, the energy of

placing a polar side chains in the hydrophobic membrane

interior as well as hydrophobic mismatch contributions

[28,78,126]. In this context the role of histidine, lysine,

alanine, and leucine side chains has been investigated in

considerable detail [132].
9. Magic angle sample spinning solid-state NMR

spectroscopy

MAS results in averaging of the anisotropy of dipolar,

quadrupolar and chemical shift interactions [26,83,85,133–

135]. At the same time, residual heteronuclear interactions

with 1H are suppressed by high-power proton irradiation.

Using these two methods, well-resolved NMR spectra are

obtained, in which the resolution of resonances is to a

large extent determined by the sample heterogeneity [136].

This technique has also been extensively applied to

biomolecules in precipitates, fibrils, aggregates, mem-

branes or in other states where re-orientational diffusion

is reduced (recent reviews, e.g. Refs. [10,137]). The

resulting solid-state NMR spectra provide 15N and 13C

chemical shifts, which are useful indicators of polypeptide

main chain conformation [138]. In particular, the analysis

of the Ca and Ch chemical shifts shows that these

correlate with backbone torsion angles of proteins in

solution [139,140] and in the solid-state [141–144].

Whereas MAS averages or completely eliminates the

dipolar interaction terms NMR pulse sequences have been

developed for their selective reintroduction. Such pulse

sequences thereby allow to accurately determine distances

(reviewed in Refs. [4,6,145–149]) or dihedral angles

between nuclei when at the same time high resolution

NMR spectra are maintained in the chemical shift domain

[150–158]. Recent examples include measurements of the

ligand-induced conformational change in a bacterial serine

chemoreceptor [159], an interhelical distance in the closed
state of the Influenza A M2 proton channel [160],

distances within the glycophorin dimer interface [161],

conformational studies of a ternary enzyme complex

[162], or measurements on rhodopsin [163,164], the

HIV fusion peptide [165], phospholamban [166], melittin

[141,167] and the Neu receptor tyrosine kinase [168].

These MAS dipolar recoupling methods have been

extended to applications to selectively [31,169] or

uniformly labeled sequences within polypeptides thereby

reducing the number of the peptides that need to be

prepared for such studies [170–176].

Furthermore, recent years have seen some exciting

developments in the application of MAS solid-state NMR

spectroscopy at the highest magnetic fields currently

available. This has resulted in the assignment and structure

determination of uniformly labeled polypeptides. Methods

analogous to those routinely used in solution NMR

spectroscopy have been developed and applied to some,

albeit still comparatively small, model proteins in the solid-

state [177]. This has, for example, resulted in the solid-state

NMR structure of the 62-residue SH3 domain in its

crystalline form [14]. During this investigation, substantial

efforts initially went into the search of optimal sample

conditions [136]. Thereafter methods for the assignment of

most 13C and 15N resonances have been developed and

applied [178–180]. These assignment experiments exploit

dipolar and scalar interactions between close-by and bonded

nuclei [178,181–187]. For assignment purposes homo- or

heteronuclear correlation experiments have been established

which use magnetization transfer schemes such as proton-

driven spin diffusion (PDSD) [178,184,188] or radiofre-

quency recoupling schemes. The latter include cross-polar-

ization [184], MELODRAMA [189], SPECIFIC CP [178],

C7 [190], DQF Post-C7 [188,191,192], RFDR [186], or

DREAM [178,193]. For example, the dspectrally induced

filtering in combination with cross-polarizationT (SPECIFIC
CP) sequence is used to selective transfer magnetization

from one type of nucleus (such as 15N) to a selected

frequency band of another nucleus (e.g. 13C) [194]. An

important advantage of this technique is that it does not

require excessively high radiofrequency fields, thereby

avoiding detrimental effects on the sample. Another route

uses dipolar filtering to suppress directly bonded C–H

correlations thereby simplifying the 1H–13C heteronuclear

correlation spectra [195].

In a last step, inter-residue distance information has been

collected for the SH3 protein [14]. To this purpose 1H–1H

contacts need to be established which is difficult due to the

strong couplings between these abundant nuclei. The

problems can be overcome using elaborate isotopic labeling

schemes, which dilute the 1H density by 2H [191,196], or by
13C block labeling strategies [14,33,197]. By removing the
1H–1H and 13C–13C interactions between nearest neighbors

the problem of detecting non-trivial structural constraints if

simplified. More recently, methods have been developed

that allow to establish 1H–1H contacts in the solid-state
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indirectly through encoding in CHHC or NHHC correlation

schemes [188,192,198]. During the last few years, there has

also been increasing interest in the direct detection of the 1H

nuclei, which is more sensitive than recording the preces-

sions of 13C or 15N. However, due to the strong interactions

between the protons this is only possible for small sample

volumes which allow spinning speeds N30 kHz [199–201],

or alternatively when the 1H spins have been diluted by

deuterons [196].

Other related examples include structural studies of

ubiquitin [184,185], BPTI [186], the dimeric form of the

10.4 kDa B. subtilis protein Crh [202,203], or amyloid

fibrils [173,204,205]. Unfortunately, the applications of

these techniques to membrane proteins seems to be more

difficult as these proteins are either considerable bigger or

they show unfavorable dynamic properties which result in

broadened line shapes. Notably, the advantages of crystal-

line samples have been recognized early on but this strategy

was rejected as dnot meaningful for non-crystalline and

disordered proteinsT [185]. Instead, this author developed a

novel three-dimensional experiment for assignment purpo-

ses thereby considerably improving resolution. Despite the

particular problems associated with membrane proteins,

some very interesting results have been obtained when

applying the novel pulse sequences shortly described in the

above paragraph to bacteriorhodopsin [187,206], or the

retinal moiety in rhodopsin [207]. Interestingly, several

residues of the transmembrane helices of the LH2 light-

harvesting complex could be resolved and assigned,

whereas correlation residues involving the N- and C-

terminal loop regions were attenuated [208]. Furthermore,

a hexapeptide bound to the neurotensin receptor has been

investigated [209,210]. Notably, the linear h-strand con-

formation of the high-affinity agonist to the neurotensin

receptor could be derived merely from the chemical shift

information, which thus provided a favorable case to an

otherwise very ambitious project [210].

Solid-state NMR has opened new avenues to the

investigation of immobilized proteins or complexes thereof,

including membrane-associated polypeptides. The progress

of this technique will be enhanced in the future as more and

more scientists recognize its potential and will help in its

progress.
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